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ABSTRACT

The dynamics within bacterial communities play a significant role in the health, nutrition and disease resistance of tropical
rock lobster (Panulirus ornatus) larvae in aquaculture. However, studies on bacterial succession throughout P. ornatus larval
development remain limited. Therefore, this study investigated bacterial community composition and succession from newly
hatched phyllosoma (0-day post-hatching, 0 dph) to the puerulus stage, using Oxford Nanopore 16S rRNA gene sequencing. Alpha
and beta diversity metrics were used to assess patterns of diversity and shifts in community composition. Indicator species analysis
was applied to identify taxa associated with specific developmental stages. Larval bacterial diversity showed a trend aligned with
larvae developing to the puerulus stage. Early phyllosoma stages were enriched in bacterial families, such as Alteromonadaceae
and Roseobacteraceae, whereas Pseudoalteromonadaceae dominated later stages. The key bacterial taxa identified as stage-specific
indicators were Alteromonas, Ruegeria, Shimia, Thalassotalea and Pseudoalteromonas. Several intrinsic cues, such as maternal
effect, moulting and immune status, were considered factors influencing bacterial composition throughout larval development.
This study provides the first comprehensive analysis of bacterial succession during the larval ontogeny of P. ornatus, revealing
that bacteriome dynamics are closely associated with developmental physiology and environmental inputs. The identification
of bacterial indicators specific to lobster developmental stages enhances our understanding of host-bacteria interactions during
lobster larval rearing. It also strongly supports the development of strategies to improve larval survival and mitigate disease in

aquaculture systems.

1 | Introduction

The tropical rock lobster (Panulirus ornatus) is one of the most
economically valuable crustaceans in global aquaculture, with
demand increasing due to its high market value (FAO 2024). In
Southeast Asia, particularly in Vietnam and Indonesia, lobster
aquaculture remains heavily reliant on wild-caught seedstock to
support grow-out operations (Jones 2015a, 2015b). In contrast,

recent technological advances have enabled the successful devel-
opment of closed-cycle hatchery systems for P. ornatus, thereby
establishing commercial aquaculture operations in Australia
based on hatchery-reared seedstock (Lewis et al. 2024). This
progress has driven the rapid innovation of aquaculture systems
to enhance production efficiency, improve larval health and
optimise rearing conditions.
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Larval development in P. ornatus comprises a protracted pelagic
phase with 11 morphologically distinct phyllosoma stages, fol-
lowed by a transitional planktonic puerulus stage and subsequent
benthic post-puerulus, juvenile and adult stages (Smith et al.
2009; Wu et al. 2012). These stages involve frequent moulting
and rapid morphological and tissue development, driven by
both environmental exposure and intrinsic host traits. Such
factors can influence larval survival and disease susceptibility,
collectively driving dynamic shifts in bacteriome composition
throughout ontogeny (Lu et al. 2022; Payne et al. 2007; Saqib
et al. 2023; Smith et al. 2009; Wu et al. 2012). Additionally, like
other crustaceans, P. ornatus larvae encounter diverse bacterial
communities immediately after hatching, thereby initiating the
establishment of bacterial communities that support digestion,
metabolism, immunity and stress tolerance (Lu et al. 2022; Wang
et al. 2020; Xiong et al. 2015, 2017).

Understanding the bacteriome of P. ornatus larvae has been
limited by the scarcity of studies spanning the full larval phase.
Previous research has primarily focused on specific life stages,
most commonly juvenile or adult lobsters, or on healthy wild
individuals, identifying dominant bacterial taxa, such as Vibrio,
Pseudoalteromonas and Ruegeria (Ooi et al. 2017, 2023). Addi-
tionally, several earlier studies relied on culture-based methods
or earlier molecular techniques, such as Denaturing Gradient
Gel Electrophoresis (Bourne et al. 2007; Goulden, Hall, Bourne,
et al. 2012; Payne et al. 2007), which provide only partial insight
into bacterial community structure. To our knowledge, bacterial
succession throughout the larval development of P. ornatus has
not been characterised, leaving a substantial gap in our under-
standing of how bacterial composition changes during ontogeny.
Capitalising on a commercial-scale larval rearing facility devel-
oped under a validated protocol, we performed metabarcoding
to generate comprehensive, stage-resolved profiles of larval bac-
terial communities. This study addresses this knowledge gap by
applying Oxford Nanopore 16S rRNA gene sequencing to examine
bacteriome dynamics throughout the early developmental period,
providing the first detailed account of bacterial succession in the
P. ornatus phyllosoma.

In this study, we investigate the succession of larval-associated
bacterial communities across the phyllosoma stages of P. ornatus
reared under controlled, commercial-scale hatchery conditions.
Using Oxford Nanopore 16S rRNA sequencing, we aim to char-
acterise bacterial community assemblages during larval develop-
ment and to explore bacterial taxa that may serve as indicators
of the developmental phase. Understanding the dynamics of
larval bacteria is essential for optimising hatchery management,
enhancing larval survival and preventing disease outbreaks in
tropical rock lobster aquaculture.

2 | Materials and Methods
2.1 | Rearing Conditions and Sample Collection

P. ornatus larvae were hatched from broodstock held at the
Institute for Marine and Antarctic Studies (IMAS), University
of Tasmania, Taroona, Tasmania and reared in a commercial-
scale hatchery system. Larvae were maintained in a low-exchange
recirculating aquaculture system receiving filtered and ozonated

seawater top-ups. Water quality in the larval rearing tanks was
closely monitored and maintained within the specific range for
each parameter (Table 1). A WIW (Xylem Analytics, Germany)
water-quality meter and associated probes were used to measure
DO, salinity, temperature and pH. Oxidation-reduction potential
(ORP) was measured using both the Pinpoint ORP monitor
(American Marine Inc., USA) and Foxboro DolpHin Series probes
(Invensys Systems, Inc., USA). These parameters were recorded
daily throughout the study period. Due to commercial confiden-
tiality, detailed specifications of the hatchery system cannot be
disclosed.

Whole larval samples were collected across major developmental
stages (from I through XI) (Smith et al. 2009) at larval hatching
(0 days post-hatch, dph) and subsequently at 1, 7, 14, 21, 28, 56, 84,
112 and 140 dph, till the puerulus stage. The phyllosoma were fed a
proprietary diet incorporating live Artemia (Sep-Art GSL Artemia
cysts, INVE Aquaculture Inc., USA). More frequent sampling was
undertaken during the early period (0-21 dph) to capture the
initial establishment of larval-associated bacterial communities,
with sampling timed prior to each moult when moulting is highly
synchronous. In contrast, the sampling intervals were extended
at later stages once moulting became asynchronous within the
cohort. Sampling was conducted from a single tank between 25
September 2024 and 5 February 2025. Larvae were maintained at
a stocking density of 2.75 animals/L. Each dph sample weighted
0.02 g and included six biological replicates (n = 6). Larvae were
collected using a sterile siphon and transferred into sterile 15 mL
plastic tubes, which were immediately placed on ice for transport
to the laboratory. To remove residual water, the samples were first
filtered through 1.5 um pore-size 47 mm Whatman GF/C glass
microfiber filters (Cytiva, Whatman). Each replicate was then
transferred into a 1.5-mL microcentrifuge tube containing 500 pL
of storage buffer and stored at —20°C overnight.

2.2 | DNA Extraction

Extraction was performed by adding 500 pL high-salt lysis buffer
(1% SDS, 1.5 M NaCl, 0.1 M EDTA, 1% PVP-10), 5 uL of proteinase K
(Bioline Pty. Ltd., NSW, Australia) and 5 pL of TCEP (TRIS phos-
phine, 1 M). Samples were then heated at 65°C for 1 h (vortexed
every 20 min) and incubated on ice for 5 min. Ammonium acetate
(7.5 M; Sigma-Aldrich Co., MO, USA) and potassium chloride
were added to the samples at final concentrations of 2.5 and
1 M, respectively. The samples were then vortexed for 15 s and
centrifuged at 10,000 X g for 10 min at 22°C. The supernatant was
mixed by inversion with 750 uL of isopropanol and 1.5 uL iso-
precipitant (co-precipitant pink, Bioline, London, UK) at room
temperature before further centrifugation at 12,000 x g for 15 min
at 22°C. The visible pellet was rinsed with 500 uL of 70% ethanol
twice and resuspended in 100 pL of buffered water (0.05% Triton
X-100, 10 mM TRIS pH 7). RNA was removed by digesting the
sample with 2 uL of RNase A (10 mg/mL, Thermo Fisher, USA) at
37°C for 30 min. Samples were treated with 200 uL of ammonium
acetate (2.5 M), 200 uL 1 M potassium chloride and 400 uL high-
salt lysis buffer, vortexed for 30 s, and centrifuged at 10,000 X g for
10 min (22°C). The supernatant was mixed with an equal volume
of isopropanol containing the co-precipitant, then centrifuged at
12,000 X g for 15 min. The pellet was rinsed twice with 70% ethanol
before resuspension in 50 uL of molecular-grade water (Qiagen,
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377.6 + 8.82
373.75 +10.28

2791+ 0.13 8.24 +0.03
28.10 + 0.20

28.19 + 0.09
28.32 + 0.11

104.00 +1.96
102.37 + 1.14

1,7,14,21 and 28

Weeks 2-6

Oct-24

373.5+14.91
364.25 + 8.81

8.22 +£0.02

101.56 +1.21

58
84
112

Weeks 7-10

Nov-24
Dec-24
Jan-25

8.23 +£0.01
8.22 £ 0.01
8.23+0.01

103.63 + 2.55

Weeks 11-14

371.0 + 1.41

28.25 + 0.22

104.50 + 0.59

Weeks 15-18

150, puerulus +

Weeks 19-20

Feb-26

2In Week 1, a single measurement was recorded for each water quality parameter. Values are presented as mean + standard deviation.

Germany). All samples were quantified by Qubit 4 (Thermo
Scientific, USA) using the Qubit 1x dSDNA BR Assay Kit (Thermo
Scientific, USA) following the manufacturer’s instructions.

2.3 | Quantitative PCR, Library Preparation and
16S rRNA Sequencing on the MinION Platform

23.1 | Pre-Amplification

All the samples were pre-amplified by qPCR targeting the
16S rRNA locus using a high fidelity polymerase and ampli-
fication cycles to minimise amplification bias (Matsuo 2023;
Ooi et al. 2023). The number of pre-amplification cycles was
standardised to 35 cycles across all samples to ensure sufficient
amplification yield from low-biomass samples for sequencing
(Matsuo 2023; Ooi et al. 2023; Wong et al. 2023). The primary
SYBR Green qPCR mixture consisted of 5 pL of 2x MyTaq Hot
Start mix (Bioline, Meridian Bioscience, USA), 100 nM each
of 27F (5 AGAGTTTGATCMTGGCTCAG 3’) and 1492R (5’
GGTTACCTTGTTACGACTT 3’) 16S rRNA gene primers (melting
temperatures between 86°C and 88°C) (Ooi et al. 2023), 2 pL of
1:10 diluted DNA, and 2 uL of molecular-grade water. The gPCR
was conducted using a thermal cycler (Bio-Rad Laboratories
Inc., USA) with the following thermal cycling program: initial
denaturation for 3 min at 95°C; denaturation for 10 s at 95°C,
annealing for 30 s at 55°C, extension for 30 s at 72°C and a final
extension for 3 min at 72°C. Amplified DNA was purified using
AMPure XP beads (Beckman Coulter, Indianapolis, IN, USA)
with a 1:1.8 wash ratio, following the manufacturer’s instructions
(AMPure XP DNA Cleanup Workflow). The final cleaned DNA
was quantified using a Qubit 4. The ‘No template controls’ were
not included in the pre-amplification and sequencing stages,
given the present study’s context of longitudinal bacteriome
development (Hornung et al. 2019; Williamson et al. 2025).

2.3.2 | Library Preparation

The library preparation mixture consisted of 10 ng of input DNA,
adjusted to a total of 15 pL with molecular-grade water, 25 pL
Long Amp Hot Start Taq 2x Master Mix (New England Biolabs,
Ipswich, MA, USA) and 10 pL of 16S barcode (16S Barcoding
kit, SQK 16S 114.24, Oxford Nanopore Company, UK). The gPCR
was conducted using a thermal cycler (Bio-Rad Laboratories
Inc., USA) with the following thermal cycling program: initial
denaturation for 1 min at 95°C; 25 cycles of denaturation for 25 s
at 95°C, annealing for 25 s at 55°C, extension for 25 s at 65°C and a
final extension for 5 min at 65°C. EDTA (1 uL) was added to each
sample to stop the reaction. Amplified DNA was purified using
AMPure XP beads (Beckman Coulter, Indianapolis, IN, USA)
with a 1:1.8 wash ratio, following the manufacturer’s instructions
(AMPure XP DNA Cleanup Workflow). The final cleaned DNA
was quantified using a Qubit 4.

2.3.3 | Priming and Sequencing
After library preparation, a total of 50 ng of DNA was pooled

from different samples and then incubated with 1 puL of a
mixture of Rapid Adapter (RA) and Adapter Buffer (AB) at room
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temperature for 5 min. The prepared DNA pool library was mixed
with 34 uL of Sequencing Buffer (SQB), 25.5 uL of Loading Beads
(LB) and 4.5 pL of molecular-grade water and then loaded onto
the SpotON R10.4.1 flow cell (Oxford Nanopore Technologies,
UK) for 48 h. The library was sequenced on the MinION Mk
1C. The generated sequencing data were monitored in real-time
using the MinKNOW software (version 4.0.20). A total of three
flow cells have been used, each containing 24, 24 or 15 samples.
As a control, the DNA of a microbial community (Zymo Biomics
Microbial Community Standard) was included in the sequencing
runs (Table S3, representative result).

2.4 | Bioinformatics and Data Analysis

Dorado software ver. 0.7.1 (Oxford Nanopore Technologies,
https://github.com/nanoporetech/dorado) with  the sup-
basecalling model was used for basecalling the sequencing
data (PODS files) to generate FASTQ files with a mean quality
score >10, and for demultiplexing and adapter trimming of the
reads. Reads were filtered using NanoFilt ver. 2.8.0 (De Coster
et al. 2018) on the basis of length, retaining reads between
1200 and 1700 bp. Taxonomic assignment was performed using
EMU (Curry et al. 2022), which implements an expectation-
maximisation algorithm to probabilistically assign reads to
taxa using the full-length 16S rRNA gene and the NCBI 16S
database. This approach helps to reduce misclassification caused
by sequencing errors and improves reliability at the genus level.
To visualise changes in bacterial community composition across
larval stages, bacterial data aggregated at the family and genus
levels were first imported and reshaped in R (version 4.4.3).
Alluvial plots were generated using ggalluvial (Brunson and
Read 2020), which displays the relative abundance flows of the
top 10 families and genera across larval developmental stages.

Alpha diversity of bacterial communities was assessed using
Observed, Shannon and Simpson indices to evaluate species
richness and evenness across experimental groups. All analyses
were conducted in R (version 4.4.3) using the vegan package
(Oksanen et al. 2025), and alpha diversity was visualised using bar
plots with ggplot2. Differences across developmental stages were
assessed using the Kruskal-Wallis test.

Beta diversity was assessed using Bray-Curtis dissimilarities to
evaluate differences in bacterial community composition among
sample points. Homogeneity of multivariate dispersion among
groups was tested with PERMDISP (Anderson 2006), which
showed no significant differences (p = 0.27), indicating homo-
geneity of variance. Global differences in bacterial community
composition among developmental stages were assessed using
Permutational multivariate analysis of variance (PERMANOVA).
Pairwise PERMANOVA comparisons were performed to exam-
ine differences between all stage pairs. Resulting p values
were adjusted for multiple comparisons using the Benjamini-
Hochberg procedure. Beta diversity patterns were visualised
using principal coordinates analysis (PCoA) on the basis of the
Bray-Curtis distance matrix.

To identify stage-specific bacterial genera, Indicator Species Anal-
ysis (IndVal) (Podani and Csanyi 2010) was performed using the
multipatt() function with the duleg = TRUE from the indicspecies

package (De Caceres et al. 2016). Significant indicator genera were
identified at p < 0.05. Indicator values (statistics from multipatt())
were plotted across larval stages in a bubble plot using ggplot2,
with bubble size reflecting the strength of association with
each stage, and colour corresponding to the larval stage. To
examine correlations in bacterial community composition across
larval stages, the normality of the data was first assessed, and
Spearman’s rank correlation was selected. Correlations between
larval stages were computed using the corrplot package (Wei and
Simko 2021) in R 4.4.3.

3 | Results

After quality filtering (mean Q > 10) and length selection (1200-
1700 bp), a total of 1,831,757 reads across all 60 samples were
retained. The Good’s coverage estimates ranged data available
from Table S8, indicating that the majority of dominant bacterial
taxa were captured. Even in samples with relatively low sequenc-
ing depth, coverage remained high, supporting robust genus-level
analysis.

3.1 | Bacterial Composition Across Larval
Development

At the genus level, Vibrio dominated most larval stages, showing
very high abundance at hatching (79.5% at 0 dph), a brief decline
at1dph (2.6%), and then rising sharply again from 7 dph onward.
From 28 to 140 dph, Vibrio remained consistently elevated (33.3%-
81.9%), peaking at 112 dph (82.3%) and maintaining high levels
until 140 dph (81.9%). In contrast, Pseudoalteromonas displayed
a different pattern: It was moderately abundant during the
early and mid-larval stages (14.3%-60.9% at 0, 14 and 56 dph)
but became the dominant genus at the puerulus stage (99.6%).
Alteromonas exhibited pronounced early enrichment, peaking
at 1 dph (69.1%), with additional increases at 21 dph (34.2%)
and 84 dph (22.2%), but remained lower at most other time
points (3.9%-9.1%). Several genera appeared intermittently at
lower abundances: Ruegeria increased gradually from early stages
(<1%) to moderate levels at 7 dph (7.9%) and 56 dph (2.8%);
Shimia peaked sharply at 7 dph (23.4%) but remained <1%
elsewhere. Minor genera, such as Alkalimarinus, Maritalea, Nep-
tunomonas and Oceanospirillum, consistently remained below 5%
throughout lobster development (Figure 1a, Tables S2 and S7).

The taxonomic composition of bacterial communities associ-
ated with P. ornatus larvae changed measurably over time. At
the family level, Vibrionaceae were consistently present at all
stages (6.3%), showing a fluctuating trend; a high abundance
immediately at hatching (68.9% at 0 dph), then a reduction at
1 dph, and subsequently increasing again from 7 dph onward,
being highly present at 112 dph (75.1%) and 140 dph (71.2%).
Interestingly, only very few Vibrionaceae were present at the
puerulus stage (0.3%). Pseudoalteromonadaceae (mean 23.4%)
followed the opposite pattern, being dominant at the puerulus
stage (99.6%) and elevated early in development (58.7% at 14 dph),
then oscillating across the remaining time points. In contrast,
Alteromonadaceae peaked transiently at 1 dph (50.3%) and 21 dph
(32.1%) before remaining at low levels thereafter (Figure 1b, Tables
S1 and S6).
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ornatus larvae (0 dph-puerulus).
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3.2 | Alpha and Beta Diversity Across Larval
Development

Bacterial alpha diversity fluctuated throughout larval develop-
ment. Observed richness showed no significant change across the
developmental stages, and the index remained stable throughout
larval development (Kruskal-Wallis H = 38.57, df = 11, p = 0.06)
(Figure 2). Shannon and Simpson indices showed a general
decrease at later larval development stages. Diversity remained
stable from 7 through 140 dph and then declined sharply during
the puerulus stage (p = 0.0041 for Shannon diversity; p = 0.0042
for Simpson diversity).

Beta diversity visualised using PCoA showed that the first two
axes explained 22.5% and 16.1% of the total variation in bacterial
community composition, respectively (Figure 3). Bacterial com-
munities differed significantly across the larval developmental
sequence. Clear separation was observed between 0 dph and all
subsequent stages, with particularly strong differences compared
with 112 and 140 dph (p = 0.001 and p = 0.005, respectively). In
contrast, bacterial communities at 28 dph were only marginally
different from those at 84 dph (p = 0.076). The most similar
communities were observed between 112 and 140 dph (p = 0.312)
(Figure 3, Table S4). PERMANOVA based on Bray-Curtis
dissimilarity confirmed that bacterial community composition
varied significantly among developmental stages (PERMANOVA:
Flo49 = 9.54, R* = 0.661, p = 0.001; 999 permutations).

3.3 | Indicator Bacterial Taxa Across Larval
Development

Indicator taxa varied across larval development (Figure 4). At
0 dph, indicator genera included Portibacter, Nitratireductor
and Flavilitoribacter. At 7 dph, the highest number of indica-
tor bacteria was detected, comprising Thalassococcus, Shimia,
Ruegeria, Phaeobacter and Maritimonas. At later stages, Dokdonia
and Bradyrhizobium were identified as indicators at 28 dph,
whereas Malaciobacter was the primary indicator at 56 dph.
In the puerulus stage, Pseudoalteromonas was the dominant
genus indicator. No indicator taxa were identified at 21, 84, 112
or 140 dph. Indicator values (IndVal statistics) for all taxa are
provided in Table S5.

Spearman correlation analysis showed variable similarity in
bacterial community composition across larval stages (0 dph to
puerulus) (Figure 5). The strongest correlations were observed
between 56 and 112 dph (0.57), 140 and 112 dph (0.55) and between
1 and 7 dph (0.52). In contrast, 0 dph consistently showed the
lowest correlations with later stages. Most comparisons among
mid-stages (i.e., 7-84 dph) yielded moderate correlations, ranging
from 0.30 to 0.50 (Figure 5).

4 | Discussion

Understanding bacterial dynamics in P. ornatus larvae is essential
for optimising hatchery management and improving health and
survival. In this study, we examined the composition and suc-
cession of bacterial communities throughout larval development,
from O dph to the puerulus stage. Our findings demonstrate

that bacterial communities of P. ornatus larvae undergo peri-
ods of directional shifts and stabilisation, and that specific
developmental stages may be characterised by key indicator
bacteria.

4.1 | Larval Bacterial Alpha Diversity and Host
Development

The alpha diversity of P. ornatus larvae displayed a fluctuating
trend, consistent with previous observations in other aquatic
larvae, including whiteleg shrimp (Litopenaeus vannamei) (Wang
et al. 2020) and Prussian carp (Carassius auratus gibelio) (Li et al.
2017). In this study, larval alpha diversity indices decreased at the
puerulus stage. Newly hatched larvae lack fully developed fea-
tures, and their associated bacteria can be derived primarily from
within fertilised eggs or the egg epidermal surface (Lu et al. 2022).
By 1 dph, when larvae are transferred to rearing tanks and begin
exogenous feeding, intestinal colonisation commences, leading
to reassembly of the larval bacterial community. Subsequently,
larval alpha diversity remained relatively stable, coinciding with
developmental stages in which the intestinal tract and associated
microhabitats are relatively simple and provide limited ecological
niches (Li et al. 2017; Yan et al. 2012). At the puerulus stage,
both Shannon and Simpson indices indicated a further decline
in diversity. Puerulus is a secondarily lecithotrophic stage that
metamorphoses from the final planktotrophic phyllosoma stage
(Barret 2019; Guerao et al. 2006). The dramatic changes in
feeding activity, anatomy and physiology during this transition
period likely contribute to the purging and resetting of bacterial
communities, resulting in low bacterial diversity.

4.2 | Larval Bacterial Community Composition

The bacterial communities associated with P. ornatus larvae
undergo succession across the phyllosoma and puerulus stages.
As the intestinal tract and digestive capacity mature, early
bacterial colonisers are reorganised into larval stage-specific com-
munities, a pattern consistent with bacterial succession reported
in other crustaceans, such as mud crab (Scylla paramamo-
sain), Pacific whiteleg shrimp and European lobster (Homarus
gammarus) (Angthong et al. 2023; Bateman et al. 2012; Sun
et al. 2025; Zhang et al. 2021). At the family level, Flavobacte-
riaceae, Alteromonadaceae and Pseudoalteromonadaceae exhib-
ited dynamic shifts throughout development. Pseudoalteromon-
adaceae and Vibrionaceae are commonly dominant in juvenile
lobster gut bacteria, whereas Alteromonadaceae are frequently
abundant in the hepatopancreas (Ooi et al. 2017, 2023). At
the genus level, Alteromonas, Pseudoalteromonas, Ruegeria and
Vibrio were consistently abundant throughout larval develop-
ment. These shifts likely reflect the evolving morphology and
physiology of the digestive tract, including increased surface area
and substrate availability, as well as consequent host-mediated
selection pressures (Attramadal et al. 2014; Tzeng et al. 2015).

Vibrio was consistently detected across all stages, and its eco-
logical role in larval health and development is likely to be
context dependent. Commensal Vibrio species inhibit colonisa-
tion by other bacteria through the production of antimicrobial
compounds and assist in chitin digestion by facilitating digestion
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FIGURE 2 | Boxplot showing comparisons of alpha diversity indices of bacterial communities associated with Panulirus ornatus larvae (0 dph-

puerulus). (a) Observed OTUs richness, (b) Shannon diversity index as an estimate for species abundance and (c) Simpson diversity. Boxes represent the
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of feed and exoskeletal material from moulting (Goulden, Hall,
Pereg, et al. 2012; Perera and Simon 2015; Thompson et al. 2004;
Wietz et al. 2010). Vibrio spp., together with Pseudoalteromonas
spp., may also degrade algal polysaccharides, aiding the digestion
of natural diets (Egan et al. 2013; Martin et al. 2014). However,
many pathogenic strains within the Vibrio genus pose significant
disease risks to aquatic animals and may emerge under perturbed
environmental conditions and immunocompromised states, for
example, during white leg disease outbreaks (Ooi et al. 2020;
Shields 2011).

4.3 | Indicator Bacteria Present During P. ornatus
Larvae Development

During the first week post-hatch (0-7 dph), the larval
bacterial community was dominated by Alteromonadaceae
and Roseobacteraceae, including Phaeobacter, Portibacter,
Mariniblastus, Alteromonas, Shimia and Ruegeria. Members
of the Alteromonadaceae, particularly Alteromonas, are fast-
growing copiotrophic bacteria that thrive in nutrient-rich
marine microhabitats and are frequently detected in aquaculture
environments (Ivars-Martinez et al. 2008; Pedler et al. 2014).
Their prevalence during early phyllosoma stages likely reflects
transient colonisation from the rearing environment, where
they degrade dissolved organic matter and help establish
physicochemical conditions conducive to subsequent bacterial
community development (Goto et al. 2017; Henriquez-Castillo
et al. 2022). In parallel, members of the Roseobacteraceae,
including Shimia and Ruegeria, are widely distributed in
coastal ecosystems and participate in sulphur cycling. They
are also recognised for producing secondary metabolites
with antibacterial activity, which exert antagonistic effects
against opportunistic Vibrio species, such as V. anguillarum,
in farmed turbot, Scophthalmus maximus (Buchan et al. 2005;

Porsby et al. 2008). The genus Shimia has been implicated in
promoting bacterial community stability, biofilm formation,
osmoregulation and protein metabolism, potentially supporting
early larval nutrition and resilience (Hyun et al. 2013; Zhang and
Sun 2022). Additional early indicators, such as Portibacter and
Mariniblastus, also play critical ecological roles by degrading
complex polysaccharides derived from algal or detrital material,
likely contributing to bacterial food web dynamics and nutrient
recycling (Lage et al. 2017; Peng et al. 2023; Yoon et al. 2012).

The bacterial taxa detected in newly hatched larvae (0 dph)
may have been acquired via maternal provisioning through
eggs or maternal tissues (hepatopancreas, reproductive tract and
pleopods), establishing the first core bacteriome (Liu et al. 2021,
Sun et al. 2025). Similar mechanisms have been proposed for lar-
vae of the giant freshwater prawn Macrobrachium rosenbergii (Liu
et al. 2021). In subsequent stages of larval development (>7 dph),
gradually increasing digestive capacity, immunocompetence and
repeated moulting that generate cycles of gut and cuticle restruc-
turing (Ciaramella et al. 2014; Gorissen and Sandeman 2022;
Lewis et al. 2024) create new niches and attachment sites for a
range of bacterial taxa. For example, the transition from Stage I
to IT larvae at 7 dph is associated with elongation of the cephalic
shield and eyestalk segmentation (Smith et al. 2009), making
new surfaces available for rapid colonisers like members of the
Roseobacteraceae (Dang and Lovell 2016) that were shown to
dominate the community at this stage.

Between 14 and 56 dph, the indicator bacterial genera shifted from
early, rapid colonisers to more specialised marine heterotrophs,
including Litoribacillus, Thalassotalea, Dokdonia and Mala-
ciobacter. Genus Thalassotalea includes marine heterotrophs that
produce extracellular enzymes degrading proteins and polysac-
charides, engage in dissolved organic carbon turnover and nutri-
ent cycling, and interact with resident bacteria (Hou et al. 2015;
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FIGURE 4 | Taxonomic bubble plot of bacterial relative abundance at the genus level present in larval Panulirus ornatus larvae (0 dph-puerulus).
Each bubble represents a genus-stage association identified by indicator species analysis. Bubble size is proportional to the IndVal statistic, reflecting
the strength of association of each genus with the corresponding larval stage. Bubble colour denotes the larval stage.

Kim et al. 2020; Lee et al. 2024). Dokdonia is a photoheterotrophic
genus that combines peptide and protein degradation with light-
driven energy capture, enabling persistence in nutrient-limited
environments and functional stability during periods of low feed-
ing (Bogachev et al. 2016; Gémez-Consarnau et al. 2016; Gonzélez
et al. 2011). Malaciobacter, frequently associated with shellfish
and surrounding waters, contributes to biofilm formation and
bacteria stability and also serves as an indicator of water quality
in aquaculture systems (Rahman 2023; Salas-Masso et al. 2024).
The presence of such indicator bacterial taxa associated with
nutrient cycling at 14-56 dph may reflect increased availability of
organic substrates, including proteins, polysaccharides and fatty
acids (Genodepa et al. 2022; Johnston 2006), linked to expanding

digestive capacity and dietary change during larval rearing.
Moreover, the upregulation of cellular and humoral immune
function through crustacean larval development (Angthong et al.
2021; Bowden 2017; Koiwai et al. 2021; Ren et al. 2022) may also
shape bacterial community structure. Therefore, the 14-56 dph
period could represent a window in which feeding, moulting and
immune maturation interact to shape bacterial succession, estab-
lishing a more specialised and stable community that enhances
digestion, nutrient assimilation and resistance to opportunistic
pathogens. Between 84 and 140 dph, no new indicator bacteria
were identified, except for the genus Pseudoalteromonas, which
was detected in the puerulus stage and emerged as a dominant
and functionally significant taxon. Pseudoalteromonas are widely
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distributed in marine environments and are commonly associated
with marine host, where they can exhibit probiotic properties,
including the production of bioactive compounds that inhibit
pathogens, such as Vibrio (Newaj-Fyzul et al. 2014; Ringe 2020).
Their ability to form biofilms and produce protective metabolites
likely confers significant advantages for the host, particularly
during the extensive morphological and energetic transitions
at the puerulus stage (Amin et al. 2024; Ringe 2020; Zeng,
Cai, et al. 2017). During this stage, larvae undergo substantial
morphological changes, transitioning from phyllosoma to pueru-
lus. These changes include increased body size, elongation of
appendages, retraction of the digestive gland and preparation
for benthic settlement, which together increase surface area for
bacterial colonisation and elevate metabolic and energy demands
(Smith et al. 2009). The high adaptability of Pseudoalteromonas,
including stress tolerance conferred by pyomelanin produc-
tion, may facilitate persistence under fluctuating environmental
conditions (Zeng, Huang, et al. 2017). Members of this genus
have also been documented to stimulate animal metamorphosis.
For example, Pseudoalteromonas luteoviolacea produces a con-
tractile injection system that forms metamorphosis-associated
contractile structures (MACs), which deliver protein effectors
and induce metamorphosis in the tubeworm Hydroides elegans
(Huang et al. 2012; Shikuma et al. 2014). Other Pseudoalteromonas
species can induce larval settlement through biofilm formation

Spearman correlation bubble plot of similarity in bacterial community composition across Panulirus ornatus larval stages (0 dph-

and stimulate metamorphosis in diverse marine invertebrates,
including annelids (Phragmatopoma californica) and mussels
(Mpytilus coruscus) (Liang et al. 2018). Although this study provides
no direct evidence that Pseudoalteromonas actively influences
metamorphosis in P. ornatus, its consistent presence at the
puerulus stage is notable and aligns with known bacteria-
mediated larval transition phenomena. No significant indicator
taxa were detected at 21, 84, 112 and 140 dph. This absence may
reflect limited statistical power or lower sequencing depth at
these stages rather than a true lack of stage-specific microbial
associations. The increased relative abundance of Vibrio observed
at 112-140 dph may reflect environmental influences that sup-
port colonisation by bacterial communities present in rearing
water, feed, or tank-associated biofilms, in addition to potential
host-associated processes (Nankervis and Jones 2022; Zoqratt
et al. 2018). Previous studies have shown that larval bacteria
in aquaculture systems are strongly shaped by concomitant
environmental conditions and husbandry practices (Rajeev et al.
2021). Therefore, the elevated abundance of Vibrio at later larval
stages may not necessarily indicate host selection alone but could
also reflect changes in the rearing environment during larval
development.

During the larval-puerulus transition, immune functions in crus-
taceans are reported to become increasingly developed, including
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enhanced humoral and cellular responses (Bowden 2017; Ventura
et al. 2015). The bacterial succession observed at the puerulus
stage is therefore consistent with a period of physiological
transition in which host-bacteria associations may become more
stable, although direct links between immune maturation and
bacteria structure were not examined in this study.

Under aquaculture conditions and with the introduction of feed,
such as Artemia, a range of organic substrates for bacterial prolif-
eration is provided (Xu et al. 2024). Waterborne bacteria, biofilms
on tank surfaces and microbes associated with live feed can all
colonise the host gut, particularly during early developmental
stages when the immune system is immature (Lu et al. 2022;
Paralika and Makridis 2025). Similar patterns have been observed
in shrimp and fish larvae, where the composition of the rearing
water strongly influences early bacterial communities, promoting
the establishment of taxa, such as Vibrionaceae and Alteromon-
adaceae (Paralika and Makridis 2025). Meanwhile, environmental
parameters, such as temperature, salinity, stocking density and
feed composition, further modulate bacterial colonisation and
succession, influencing community diversity and stability (Caste-
jon et al. 2015; Freitas et al. 2021). These interactions underscore
the dynamic interplay between environmental exposure and host
development in driving stage-specific bacteria assembly, which
ultimately supports nutrient assimilation, growth and disease
resilience in cultured P. ornatus larvae.

Although this study provides new insights into the bacterial
community of larval P. ornatus, some limitations should be
considered. Functional metagenomic analyses and environmen-
tal bacteria sampling should be applied in future to further
elucidate bacterial-host interactions, whereas an alternative to
pre-amplification, which may have influenced relative abun-
dance estimates, should be addressed. Additionally, the study is
based on a single-hatchery system, which may have limited the
broader interpretation of the findings. Despite these constraints,
the results offer valuable baseline data and complement previous
studies that incorporate environmental sources, providing a foun-
dation for future investigations into bacterial-host interactions in
larval rearing systems.

5 | Conclusion

This study provides the first comprehensive overview of bacterial
dynamics during the larval development of P. ornatus. Bacte-
rial alpha diversity was stable during larval development but
decreased at the puerulus stage, indicating a gradual diversi-
fication and stabilisation of the bacterial community as larvae
matured. Community composition shifted significantly across
developmental stages, reflecting the combined influence of host
physiological changes. Distinct indicator taxa were identified at
different developmental stages, from Alteromonas, Shimia at 0-
7 dph to Thalassotalea, Dokdonia and Pseudoalteromonas at the
later to puerulus stage. This suggests potential functional roles in
animal physiological changes and host-microbe interactions. In
summary, these findings reveal a clear pattern of stage-associated
bacterial structure that aligns with larval development, empha-
sising the integral role of bacterial assembly in supporting larval
health and developmental progression in P. ornatus aquaculture.
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